INTRODUCTION

37
In oligotrophic and variable moisture environments, such as those often found in 38 marginal land soils, microorganisms can produce polymeric substances protecting them from 39 external stresses (Cheshire, 1977; Nicolaus et al., 2010; Oades, 1984; Sandhya and Ali, 2015; 40 Wolfaardt et al., 1999) . These polymeric substances include a variety of biological polymers, 41 such as DNA and proteins, but it has been shown that the principal components are 42 polysaccharides (Cheshire, 1977; Hall-Stoodley et al., 2004; More et al., 2014; Oades, 1984) ; 43 hence we will focus on extracellular polysaccharides (EPS). Physical and chemical 44 characteristics of EPS can help microbial cells alleviate moisture and nutrient stress, and 45 coincidently affect soil characteristics in a manner that may enhance the sustainability of 46 marginal soils. EPS can mitigate the effect of decreasing water potential on microbial cells by 47 increasing the water content they perceive (Adessi et al., 2018; Chenu, 1993; Sandhya and Ali, 48 2015) . Enhanced soil water holding capacity can increase nutrient diffusion to and from 49 microbial cells encased in EPS (Chenu and Roberson, 1996) . The sticky, gelatinous properties 50 of EPS also bind microbial cells to mineral surfaces in soil (Wolfaardt et al., 1999) and enhances 51 soil-aggregation by binding soil particles together (Costa et al., 2018; Oades, 1984; Rogers and 52 Burns, 1994) into micro-aggregates (Six et al., 2000; Six and Paustian, 2014) . EPS thus 53 enhances the formation of water-stable aggregates (Sandhya and Ali, 2015) and increases 54 mean soil aggregate size (Amellal et al., 1999) . EPS may also increase C persistence in soil, as 55 it can be occluded in tertiary structures where it is less available for microbial consumption 56 (Chenu and Plante, 2006; Liang et al., 2017) . 57
Microbial EPS production tends to increase during dry periods, as microbes produce 58 more EPS to enhance water retention of the surrounding soil matrix (Roberson and Firestone, 59 Cultivation of perennial grasses as cellulosic feedstocks on marginal lands is expected 70 to have a central role in climate change mitigation (Abraha et al., 2019; Robertson et al., 2017) . 71 Perennial feedstocks also have neutral C costs, a significant benefit over the C-negative costs 72 of other biofuels such as corn (Gelfand et al., 2011; Tilman et al., 2006) . Perennial grasses such 73 as switchgrass (Panicum virgatum) possess extensive rooting systems that persist over multiple 74 growing seasons in the soil (Chimento et al., 2016; Ontl et al., 2015 Ontl et al., , 2013 . Roots provide C-75 inputs to rhizosphere microbial communities in the form of root exudates and mucilage (Mao et 76 al., 2014) and to the total soil community in the form of decomposing root litter (Jackson et al., 77 1997 ). These inputs could alleviate C-limitation for microbial communities in marginal soils. 78
Perennial rooting systems can input plant C deeper into the soil profile than do annual plants, 79 potentially increasing soil capacity to sequester C at depth (Anderson-Teixeira et al., 80 Tilman et al., 2006) . Notably, perennial grasses significantly enhance soil aggregation under 81 long-term cultivation (Jastrow et al., 1998; Ontl et al., 2015) , and aggregated soils store C more 82 effectively than do soils lacking structure (Liao et al., 2006; McGowan et al., 2019) . In addition, 83 studies show that switchgrass (SG) biomass in the field is often not enhanced by nutrient 84 amendments in marginal soils (Brejda, 2000; Parrish and Fike, 2005; Ruan et al., 2016) , which 85 makes its cultivation on such soils more cost-effective. This raises the question of whether there 86 are mutualistic relationships between SG roots and their associated soil microbial community 87 that contribute to making up the nutrient deficits in these soils (Rodrigues et al., 2017) . In 88 particular, SG may directly facilitate microbial production of EPS by providing microbes with 89 labile C precursors (Mao et al., 2014) and indirectly enhance EPS production by altering soil 90 water potentials through root uptake and potentially through hydraulic lift (Caldwell et al., 1998) . 91
In this study we tested the hypothesis that soil microbial communities in a marginal soil 92 produce EPS in response to limited nutrient and moisture availability. We also asked whether 93 altered EPS production changes soil characteristics, specifically aggregate stability. We used a 94 sandy loam soil depleted in total C, N, and P from a field site in central Oklahoma, where SG is 95 endemic. By manipulating watering regimes and amendments of N and/or P, we assessed how 96 nutrient availability and water stress influenced plant root biomass, EPS, and soil 97 characteristics. We 13 CO2-labeled the switchgrass plants for 12 days to track plant 98 photosynthate C into EPS and bulk soil. Monosaccharide content was analyzed to determine 99 the composition and origin of EPS. Our objective was to determine if SG cultivation can alter 100 microbial activity to enhance beneficial soil characteristics, such as aggregate stability, that are 101 lacking in marginal soils. 102 103 water treatments), added N (N), added P (P), or combined N and P (N/P) amendments (Fig. 135 1A) . N was added in the form of 0.13 g kg -1 dry soil of ESN Smart Nitrogen slow-release coated 136 urea (44-0-0, Agrium) in accordance with the recommendations provided by Oklahoma State's 137 Division of Agricultural Sciences and Natural Resources for high biomass SG cultivation (Arnall 138 et al., 2018) . P was added in the form of 0.48 g kg -1 slow-release rock phosphate (0-3-0, 139
Espoma) to bring the total concentration of plant extractable P up to 20 ppm, which resulted in 140 an amendment consistent with manufacturer recommendations as well as Oklahoma State 141
University's recommendations for SG cultivation in soils with ~5 ppm of total phosphorus. 142
Completed mesocosms were wrapped in black high-density polyethylene sheeting and 143 then white polypropylene sacking (to prevent soil temperatures from being elevated by solar 144 radiation) and stored for an additional five weeks before planting with SG. Soil moisture probes 145 (EC-20; METER Group, Pullman, WA) were installed in the A horizon of the control and low 146 water treatments mesocosms to maintain target moisture conditions. During this period, 2 L of 147 deionized H2O was added to each mesocosm every week to re-hydrate the soil profile and allow 148 it to equilibrate before planting. A SG genotype, NFSG 18-01, from the Nested Association 149
Mapping population (NAM) with established high biomass productivity in both Oklahoma and 150 Tennessee was selected for this experiment. SG is highly heterogeneous, and every plant is 151 genetically distinct. To avoid any genetic variation among treatments and replicates, we used a 152 single clone for this experiment. The plant was grown in the Noble Research Institute (TRI) 153 greenhouse at 32°C (daytime) / 21°C (nighttime) and 16 h photoperiod for maximum growth. A 154 total of 120 clonal ramets were prepared from one plant and shipped to UCB. Uniform ramets of 155 NFSG 18-01 were planted into each of the 30 mesocosms in early May 2017. Mesocosms were 156 arranged in 6 wheeled stainless-steel caddies insets of five (one of each treatment, in random 157 order), making each caddy equivalent to a "plot." Thereafter, mesocosms were watered with 100 158 ml of deionized H2O daily-roughly equivalent to the rainfall experienced in TRI field plots in 159 southern Oklahoma in the higher precipitation months of May and June. After plants were 160 established within the mesocosms (four weeks), watering for the low water treatment was 161 reduced to 50 ml of H2O daily. After eight weeks, the temperature in the green house was 162 increased to 32 °C (daytime) / 21 °C (nighttime) to simulate growing season conditions in 163 Oklahoma. 164
CO2 pulse-chase labeling 165
After plants had grown for 18 weeks, we performed a 12-day 13 CO2 pulse-chase 166 labeling. Half (15) of the mesocosms were labeled with 12 CO2 (Praxair, Danbury, CT) as controls 167 for future stable-isotope probing (SIP) and the other half were labeled with 99 atom-percent 168 13 CO2 (Cambridge Isotope Laboratories, Tewksbury, MA), providing three replicates of each 169 treatment under each labeling regime. Labeling was carried out using a custom apparatus 170 consisting of a Picarro G2131-I Analyzer (Santa Clara, CA) and Infrared Gas Analyzer, (IRGA,  171 Campbell Scientific, Logan, UT) combined with a CR1000 Datalogger (Campbell Scientific, 172
Logan, UT) to enable real-time assessment of [ 12 CO2] and [ 13 CO2] in up to 32 chambers (16 of 173 each type of CO2). 174
Harvest of plant biomass and processing of soils for analysis 175
At the completion of the pulse-labeling in September, 13 CO2 enriched mesocosms were 176 destructively harvested by clipping SG shoots at the soil surface and partitioning soil horizons 177 for sample collection. For each individual soil horizon, roots were collected from bulk soil by 178 hand, washed in deionized water, and dried at 70° C until no change in root weight was 179 observed. Fresh bulk soil was aliquoted for pH, soil chemistry, and EPS extractions and stored 180 at 4° C. Fresh bulk soil was also aliquoted for assessment of water-stable aggregates and 181 stored in open bags in the greenhouse for air-drying. Gravimetric soil water content was 182 measured for each horizon of each replicate by drying fresh bulk soil at 70 o C until no change in 183 soil weight was observed. Soil water content was converted to soil water potential with water 184 retention curves that were generated from samples from each horizon using a pressure plate 185 apparatus (WP4C, METER Environment, Pullman, WA) and a van Genuchten model to apply a 186 non-linear fit to the data (Seki, 2007) . Volumetric soil water content measured by EC-20 probes 187 in the A horizon of the control and low water treatments was also converted to soil water 188 potential using these water retention curves. 189 5 g soil was extracted with 20 ml 0.5M K2SO4 to assess dissolved organic carbon (DOC) 190 and total dissolved nitrogen (DN). DOC in the extract was measured using a Shimadzu (Kyoto, 191 Japan) TOC-L series CSH/H-type TIC/TOC analyzer as previously described elsewhere 192 In the modified extraction method, the extraction buffer was phosphate buffer saline 211 (PBS; Gibco, Grand Island, NY). Specifically, 5 g soil (kept at 4 o C until extraction) and 10 ml 212 phosphate-buffered saline (PBS) were added to a 50 ml tube containing 1 g CER (Dowex® 213 Marathon® C, 20-50 mesh, Na + form, Sigma-Aldrich, St. Louis, MO). This slurry was shaken for 214 30 minutes at 4 o C and subsequently centrifuged at 3000 rpm for 10 minutes at 4 o C. The 215 supernatant was passed through a 0.2 μm nylon filter, and polysaccharides were precipitated 216 from the filtrate with three volumes of 100% ethanol and concentrated 10x. 217
To extract EPS for 13C analysis, the extraction procedure was upscaled 18x to obtain 218 enough C in the extract to allow IRMS analysis Extracts were precipitated twice in ethanol, to 219 reduce sample volume to 1 ml. Reduced volume extracts were transferred to small tin cups 220 (Costech, Valencia, CA) and evaporated to complete dryness at 70 o C. These tin cups were then 221 folded into tight tin balls for IRMS analysis. To assess the monosaccharide composition of EPS, 20 μg ml -1 solutions of each EPS 234 extract were generated. These solutions were hydrolyzed by adding an equal volume of 4M 235 Trifluoroacetic acid (TFA; Sigma-Aldrich) to attain a 2M final concentration, before being 236 incubated for 90 minutes at 121 o C. Hydrolysates were washed twice with isopropanol by 237 evaporating isopropanol with a TECHNE sample concentrator (Cole-Parmer Ltd., UK), and were 238 then eluted with 0.5 ml ultrapure water. Subsequently, re-suspended samples were centrifuged 239 for 10 minutes at 13,000 x g at 4 o C, to remove solids, and 80% of the supernatant was collected 240 for analysis. Monosaccharide composition was measured with a Dionex ICS-3000 ion 241 chromatography system with CarboPac™ PA20 column (Thermo Fisher Scientific). Samples 242 were analyzed in two runs with two KOH eluent concentrations, 2mM and 18mM, as at 2mM 243 arabinose and rhamnose peaks overlap while at 18mM xylose and mannose peaks overlap 244 (Yeats et al., 2016) . We used this data to calculate the ratio of hexose to pentose sugars in 245 extracted EPS to verify its microbial origin (Gunina and Kuzyakov, 2015; Oades, 1984) . Given 246 that it is recommended to assess EPS monosaccharide composition in the context of the plant 247 being studied (Gunina and Kuzyakov, 2015) , we also sampled SG roots from TRI's Red River 248 field site (Burneyville, OK, 33.882235/-97.275919) in early May 2017 to calculate the hexose to 249 pentose ratio in polysaccharides from SG root mucilage. EPS extraction, quantification and 250 monosaccharide composition was done both on roots and bulk soil samples as described 251
above. 252
Soil aggregate stability 253
Soil aggregate stability was measured with a wet sieving method (Kemper and Rosenau, 254 1986) on 1-2mm soil aggregates that had been sieved from air-dried soil. 5g of these 255 aggregates were placed on 0.25mm mesh sieve and repeatedly dunked in a water cup for 5 256 minutes, using a mechanical dunking apparatus (Singer et al., 1992) . The mass of unstable 257 aggregates (those that dispersed) versus stable aggregates (stayed on the sieve) was dried and 258 measured. The following ratio was used as the measure for soil aggregate stability: 259 "#$%&' $))*')$#'" ("#$%&' $))*')$#'")-(./"#$%&' $))*')$#'") 260
Before assessing soil aggregate water-stability, all soil samples from all treatments were air-261 dried and had consistent low soil water content to avoid confounding the assay. 262
Phospholipid fatty acid analysis (PLFA) 263
Microbial biomass in each soil sample was determined by Phospholipid Fatty Acid 264 (PLFA) analysis, with a high throughput 96 well plate method to extract and trans-esterify 265 PLFAs, as described by (Buyer and Sasser, 2012 ). PLFA's were extracted from 2 g dry soil 266 samples from the greenhouse experiment, in the B and C horizons extracts of two 2 g dry soil 267 samples were combined. After transesterification steps Fatty Acid Methyl Esters (FAMEs) were 268 then analyzed by gas chromatography ( and soil from the bottom 20 cm of each section was stored at 4 o C for one week before EPS was 291 extracted and quantified (as described above). 292
Statistical analysis 293
Statistical analysis and data visualization were conducted with R version 3.6.0 (R Core 294 Team, 2018). Significant differences in soil properties and SG root biomass between treatments 295 and soil horizons for the greenhouse study and differences in EPS content between SG and 296 annual crop fields with depth were determined by ANOVA. Every two adjacent depths from the 297 field samplings were combined during analysis to increase statistical power. Significant 298 differences in microbial biomass between treatments and soil horizons were assessed for the A 299 and B horizon only, given the prevalence of N/A results for PLFA microbial biomass in the C 300 horizon. For further multiple comparisons between treatments and soil horizons, pairwise t-tests 301 were conducted without pooled standard deviations (Welch's t-test), as the assumption of equal 302 variance between samples for Tukey's test were not met for some of the analyses. To correct 303 for multiple testing, the Benjamini-Hochberg correction was used (Benjamini and Hochberg, 304 1995 To determine which measured properties best explain EPS and soil aggregate stability 308 variability between treatments and horizons, we employed multiple linear regression analysis. We used path analysis, conducted with the lavaan package (Rosseel, 2012) in R, to 317 assess how root biomass and other measured soil factors interact to affect observed EPS 318 content and the percentage of water-stable aggregates. Although path analysis is built for larger 319 sample sizes than we have in our study, it provides conservative fit estimates and is not prone 320 to Type 1 errors (Shipley, 2016) . Using a workflow based on that presented in (Petersen et al., 321 2012), we developed a full model of interacting paths between root biomass, soil water 322 potential, pH, microbial biomass, DOC, DN, PO4 accumulation, EPS content, and the 323 percentage of water-stable aggregates based on theoretical linkages between the relevant 324 measured variables (Figure S4) . We iteratively removed non-significant edges between the 325 measured soil factors (p < 0.1) from the resulting path model until all edges were significant, 326 and evaluated the fit of this reduced model to the data using a X 2 test and the Tucker-Lewis 327 index. Visualization of the resulting path analysis was performed using the semPlot package 328 (Epskamp, 2019) 238, D.F. = 2, P < 0.001; Fig. 2A) . In all treatments, EPS content was greatest in the surface A 335 horizon; ranging from 11.74 ± 2.04 μg g -1 (mean ± SD) in the A horizon to 6.99 ± 1.60 μg g -1 and 336 2.28 ± 1.43 μg g -1 in the B and C horizons, respectively ( Fig. 2A) . EPS content only differed 337 between treatments in the A horizon (ANOVA, F = 8.24, D.F. = 4, P < 0.001; Fig. 2A) , and 338 these differences were primarily driven by the enhanced EPS content observed in the NP 339 treatment relative to all other treatments (Welch's t-tests, P < 0.025). 340
Root biomass exhibited similar trends as EPS -the greatest root biomass was observed 341 in the A horizon, with reduced biomass in the B and C horizons (Fig. 2B) . Root biomass varied 342 significantly by treatment in the A horizon (ANOVA, F = 9.64, D.F. = 4, P < 0.001; Fig. 2B) , and 343 was highest in the NP treatment. Root biomass also varied significantly by treatment in the B 344 horizon (ANOVA, F = 12.36, D.F. = 4, P < 0.001; Fig. 2B ), mostly as a result of higher root 345 biomass observed in fertilized treatments. 346 DOC exhibited similar trends to both EPS and root biomass: DOC was highest and 347 varied significantly between treatments in the A horizon; it was significantly highest in the N and 348 NP treatments relative to all the others (Welch's t-tests, P < 0.019) (Fig. S1A) . DN was 349 significantly higher in the A and B horizon of both nitrogen-amended treatments. DN was also 350 significantly higher in the N treatment relative to the NP treatment, possibly indicating greater 351 demand for N in the higher root biomass NP treatment (Fig. S1B) . Accordingly, N fertilized 352 treatments had the lowest ratios of DOC to DN (dissolved C /N, Fig. S1C ). In the A horizon, the 353 N and NP treatments had significantly lower pH than non-N treatments (Fig. S1D) . In all three 354 soil horizons, soil water potential (measured at the time of the destructive harvest) was 355 significantly lower in both N-fertilized treatments and the low-watering regime treatment relative 356 to the control and P treatments (Fig. S1E) . PLFA-measured microbial biomass was significantly 357 affected by soil depth, with minimal biomass in the B horizon and barely detectable biomass in 358 the C horizon (F = 349, D.F. = 1, P < 0.001). We did not observe significant treatment effects on 359 microbial biomass across horizons (F = 2.43, D.F. = 4, P = 0.065; Fig. S1F ) or within the 360 surface horizon (F = 1.03, D.F. = 4, P = 0.414). 361
We compared the influence of measured soil properties on EPS across all treatments 362 and horizons using multiple linear regression. Many factors were significantly correlated with 363 one another (Fig. S2, S3) ; the most collinear factors were removed from the analysis according 364 to their VIF (as explained in the Methods section). The resulting model explains a large 365 proportion of the variation in EPS (R 2 = 0.799) between treatments and horizons; root biomass, 366 soil water potential, DN and microbial biomass were the most significant explanatory factors (P 367 = 0.010, 0.034, 0.010 and < 0.001, respectively; Table 1 ). Because our dependent variable, 368 EPS, only varied significantly between treatments in the A horizon, we did not investigate 369 interactions between treatment and depth in other variables, and we employed a second model 370 for only the A horizon. This model also succeeded in capturing a majority of the variability in 371 observed EPS between treatments (R 2 = 0.667); root biomass was again the most significant 372 factor (P < 0.001), and soil water potential and pH were additional significant factors (P = 0.007 373 and 0.009, respectively). A final model was developed with N addition included as a 374 confounding factor to account for decreases in pH as a result of N fertilization (Fig. S1D) . In this 375 model root biomass and soil water potential were the most significant factors controlling EPS (P 376 < 0.001 and P = 0.017, respectively), and pH was no longer significant (P = 0.198). 377
C-labeled EPS and total soil carbon 378
To assess the proportion of total soil C that was EPS, we expressed soil EPS content as 379 a fraction of total soil C. We found ~0.3% of soil carbon is EPS, with no significant differences 380 between treatments and horizons. Dividing the 13 C-labeled C observed in EPS by the total 13 C-381 labeled C found in the bulk soil (Table S2 ) revealed that 0.18% of newly-fixed plant-derived C in 382 soil was or had been assimilated into EPS. There were no significant differences in the 383 proportion of freshly fixed C recovered in EPS between treatments. We obtained this data only 384 for the A horizon, as a substantial amount of soil was needed to extract sufficient EPS for 13 C 385 IRMS analysis and significant differences in EPS content were not found between treatments in 386 the B and C horizon. 387
EPS monosaccharide composition 388
We analyzed the monosaccharide composition of soil EPS in the A horizon to assess its 389 potential origin by calculating the ratios of recovered galactose + mannose (G+M, microbially 390 derived) to arabinose + xylose (A+X, plant derived). We found this ratio to be consistently above 391 the accepted cutoff of 2.00 in our samples (average of 3.92 ± 0.25), indicating EPS had a likely 392 microbial origin (Chenu, 1995; Gunina and Kuzyakov, 2015; Oades, 1984) . The observed ratio 393 was significantly lower in the A horizon of the NP, N and low-watering regime treatments relative 394 to the control and P treatments ((3.78 ± 0.19, mean ± SD across treatments) vs. (4.14 ± 0.15), 395 respectively; P < 0.02) ( Table S3 ). Given that SG root mucilage itself appears to have high 396 galactose content resulting in a (G+M)/(A+X) ratio of 1.45 ± 0.17, we also employed a more 397 conservative M/(A+X) ratio to confirm that the majority of the EPS we extracted was most likely 398 microbial in origin. Recovered EPS still had a value above 2.00 with this modified ratio (2.24 ± 399 0.13, on average), giving us confidence in our prior conclusion. This more conservative ratio did 400 not differ between treatments in the A horizon. Monosaccharide composition was found to vary 401 significantly as a result of treatment (MANOVA F = 6.34, D.F. = 20, P < 0.001). 402
Soil aggregate stability and relationship to measured variables 403
We measured the percentage of aggregates that were water-stable to assess the effects 404 of treatment and EPS content on soil aggregation. The percentage of water-stable aggregates 405 was significantly higher in the NP treatment (Fig. 3) , and we measured a significant positive 406 correlation between soil EPS and the percentage of water stable aggregates (Pearson R = 0.44, 407 P = 0.017; Fig. S3 ). 408
We conducted path analysis to determine how root biomass and our observed soil 409 characteristics may interact to impact both EPS content and the percentage of water-stable 410 aggregates in our mesocosms. Our full model (including all of the soil variables measured) fit 411 the data well according to the model chi-squared statistic (0 2 = 5.474, D.F. = 4, P = 0.242), as 412 did the reduced model where we removed non-significant edges (0 2 = 14.066, D.F. = 21, P = 413 0.867). The Tucker-Lewis index, which is more sensitive to the number of parameters included 414 in the analysis, indicated that our reduced model fit the data very well (TLI = 1.105, above the 415 0.9 threshold). Given that the reduced model is a nested variant of the full model, we verified 416 that the reduced model did not fit the data in a significantly different manner from the full model 417 using a maximum likelihood ratio test (0 2 difference = 8.592, D.F. = 17, P = 0.952). The reduced 418 model shows that root biomass affects soil EPS content both directly and through the DOC pool, 419 whereas soil water potential acts separately on both EPS and the percentage of water-stable 420 aggregates (Fig. 4) . Soil aggregation is also affected by pH. In addition, EPS and water-stable 421 aggregates co-vary positively with one another. 422
EPS in soil core field sampling 423
To assess the impact of deep-rooted perennial grass cultivation on field stocks of soil 424 EPS, replicate soil cores were collected from 10-and 20-year-old SG marginal soil fields in 425
Oklahoma and compared with cores from adjacent fields that had been historically managed 426 with rye (Red River) or wheat and sorghum (Stillwater) row crops under consistent tillage. 
DISCUSSION
435
Nutrient and water treatment effects on switchgrass root biomass and EPS 436
Our results demonstrate that SG root biomass is a major driver of soil EPS content 437 under abiotic stress in our marginal soil. Water stress is also a significant driver of soil EPS 438 content (Table 1 ) and the EPS produced under water stress may improve water-stable 439 aggregation in a marginal soil (Fig. 3) . However, our results did not support our hypothesis that 440 soil microbes exposed to greater nutrient limitation would produce more EPS. Instead, we found 441 that the most important factor affecting EPS production was SG root biomass, which itself was 442 enhanced by fertilization with N and P (Fig. 2) . Our observation that dissolved C:N ratios are 443 negatively correlated with EPS ( Fig. S2, S3 ) contrasts with previous findings that high C:N 444 ratios enhanced EPS production (Pal and Paul, 2013; Roberson, 1991; Sheng et al., 2006, p. 445 200; Wang and Yu, 2007) . However, these previous studies were performed with microbial 446 isolates in culture rather than direct soil observations. Data about microbial EPS production in 447 response to N limitation in soil is scarce, though it has been shown that specific N management 448 practices can increase or decrease the quantity of EPS-like carbohydrates bound to the soil 449 heavy fraction, depending on the quantity of N added (Roberson et al., 1995) . 450
More recently, Redmile-Gordon et al. showed that high C availability increased soil 451 extracellular polysaccharide content (Redmile-Gordon et al., 2015) . This suggests that the 452 availability of C precursors for EPS production may be the limiting factor in soil environments, a 453 condition that is likely important in marginal soils with low C content. We have evidence that 454 enhanced root biomass may have provided C precursor compounds to the soil microbiota 455 (Cheng and Gershenson, 2007; Zhalnina et al., 2018) , as DOC was enhanced in treatments that 456 had high root biomass and EPS (Fig. S1A) . Root biomass and DOC also had the highest 457 correlation coefficients of any measured variables with EPS content across all treatments in the 458 A horizon, (Pearson R > 0.68; Fig. S3 ), and were also significantly correlated with one another 459 (Pearson R = 0.51; Fig. S3 ). Our path analysis also provides support for this hypothesis, as root 460 biomass influenced EPS strongly through the DOC pool (Fig. 4) . We should note that our 461 measurements of DOC and EPS likely overlap to some extent, although our EPS extraction 462 possible that P-limitation may have played a role in the lack of SG biomass response to our N-471 only amendment; we observed a higher increase in root biomass in our +NP treatment relative 472 to the +N treatment ( Fig. 2A) , and higher levels of dissolved N consumption in the +NP 473 treatment (Fig. S1B) . 474
Root biomass may also alter EPS production by reducing soil water potential and 475 increasing its diurnal variability (Caldwell et al., 1998; Kirkham, 2005) such that EPS production 476 may have been promoted by increased water stress (Roberson and Firestone, 1992) . Indeed, 477 the next most significant predictors for EPS production in the A horizon were soil water potential 478 and pH ( Table 1) . The role of pH is likely a by-product of our coated urea N amendment, which 479 likely provided ammonia for nitrifying bacteria to oxidize, releasing protons and acidifying the 480 soil in the process (Robertson and Groffman, 2015; Zhu et al., 2016) . For this reason, we also 481 employed a multiple linear model to assess EPS variability between A horizon samples that 482 accounts the effects of N amendment (i.e., changes in pH solely due to fertilization). Once "N 483 amendment" is controlled for as a factor, the effect of pH on EPS drops out as a significant 484 predictor, leaving only root biomass and soil water potential ( Table 1) . 485
The role of EPS in enhancing microbial resistance to low water potential has been 486 extensively discussed in the literature (Costa et al., 2018; Or et al., 2007; Schimel, 2018) , with 487 most data derived from studies on isolates (Chang et al., 2007; Ophir and Gutnick, 1994; 488 Roberson and Firestone, 1992) . In our study, soil water potential was significantly correlated 489 with EPS content, in a manner consistent with previous research on the effects of water stress 490 on microbial EPS production (Roberson and Firestone, 1992; Sandhya and Ali, 2015) . 491
Furthermore, a recent study of EPS accumulation in soil found that EPS production was 492 reduced in plots that received more water (Marchus et al., 2018) ; when plant cover was 493 removed from wetter plots, less EPS was observed. It is well known that actively 494 evapotranspiring plants with dense root systems can cause daily changes in soil water potential 495 (Caldwell et al., 1998; Kirkham, 2005) . Though our soil water potential measurements at harvest 496 were unable to capture these diel dynamics, we did make continuous soil water potential 497 measurements in our control and low water treatments for the 12 days when they were being 498 labeled with 12 C or 13 C CO2 (and not being watered) (Fig. S5) . These data show the daily 499 changes in soil water potential that occurred solely because of root uptake and 500 evapotranspiration, and indicate that 1) our mesocosms experienced diurnal variation in soil 501 water potentials in the A horizon, and 2) there was a greater amplitude in this diurnal variation in 502 soils that were drier (Fig. S5) . 503
Quantifying soil EPS and validating its microbial origin 504
The quantity of EPS we recovered is low compared to some previous studies, reaching 505 maximum values of 14.6 ± 1.6 μg g -1 in the A horizon of the NP treatment ( Fig. 2A) . Recovered 506 EPS was significantly lower in the two deeper soil horizons, and did not vary between 507 treatments at those depths, mirroring the lower microbial biomass in the deeper horizons (Table  508 1; Figure S1F) . In a recent watering manipulation experiment in an annual grassland, 509 significantly higher amounts of EPS were recovered (150-300 μg g -1 ) using a hot-water 510 extraction method (Marchus et al., 2018) . Our choice of extraction method is unlikely the cause 511 of our lower values, however, as our observed EPS content is also noticeably reduced relative 512 to the 170-460 μg g -1 from another annual grassland extracted using the same CER technique 513 (Redmile-Gordon et al., 2014). Instead, the low microbial biomass (Fig. S1F) , very low total 514 carbon content (Table S2 ) and the low availability of DOC (Fig. S1A) in our marginal soil likely 515 constrained the amount of EPS that could be produced by local microbial communities. After 516 converting to similar microbial biomass units (Bailey et al., 2002) , we found noticeably lower 517 (~70 μg C g-1 ) microbial biomass in our soil than did Marchus et al. (~200-300 μg C g -1 ). 518
Notably, that study also found significant correlation between microbial biomass and EPS 519 content (Marchus et al., 2018) . Carbohydrate content and microbial biomass vary extensively 520 across soil types; while our soils have low microbial biomass and EPS content, our observed 521 values fall well within the wide range found in a study of 108 arable, grassland, and forest soils 522 (Joergensen et al., 1996) . 523
Given that switchgrass root biomass was the strongest determinant of soil EPS content, 524 we wanted to know whether the EPS being produced was of direct plant origin or derived from 525 soil microorganisms that were utilizing carbon-rich exudates released by roots. We assessed 526 the likely origin of EPS by comparing the ratio of common hexose sugars associated with 527 microbial EPS-galactose and mannose-to common pentose sugars associated with plant 528 mucilage-arabinose and xylose. The value of the galactose + mannose / arabinose + xylose 529 ratio we measured (3.9 ± 0.2, Table S3 ) indicates that most of the polysaccharides within the 530 EPS we extracted were microbial in origin (Oades, 1984) . However, a recent meta-analysis 531 suggests that different plant species may vary significantly in the contribution of galactose to 532 their polysaccharide content, and recommends that polysaccharide ratios be developed 533 specifically for the plants employed in a study (Gunina and Kuzyakov, 2015) . We assessed SG 534 root mucilage and found that its galactose content is quite high, so we removed galactose from 535 the hexose:pentose ratio for a more conservative index. Our resulting ratio (2.24 ± 0.13) still 536 exceeds the commonly accepted threshold value of 2.00, giving us some confidence that EPS 537 produced over the course of our study is primarily microbial in origin (Table 1, Fig. 2) . 538
Soil aggregate stability controlled by same factors as EPS production 539
The formation of water stable aggregates is considered a positive indicator for both soil 540 health and C sequestration (Costa et al., 2018; Rinot et al., 2019; Six et al., 2000; Six and 541 Paustian, 2014). The possibility that microbial polysaccharides can increase soil aggregation 542 was suggested as early as the 1940s (Martin, 1946) . EPS is hypothesized to contribute to soil 543 aggregation by providing an adhesive to "glue" soil particles together, increasing both the size 544 and stability of soil aggregates (Tisdall and Oades, 1982) . Soil aggregate stability has also been 545 and drying cycles of soil (as they did in our study; Fig. S5 ), which can also enhance aggregate 550 stability depending on the type of clays present (Singer et al., 1992) . Our results show that the 551 percentage of soil aggregates that are water-stable is significantly correlated with EPS content 552 (Pearson R = 0.44; P < 0.05), which itself is best predicted by root biomass, but pH and soil 553 water potential were found by path analysis to be the best predictors of aggregate stability 554 (Table S1 ). This suggests that soil conditions which regulate microbial EPS production are also 555 the primary controllers for aggregate stability in our study. 556
The results from path analysis (Fig. 4 ) support the conclusion that root biomass exerts 557 strong control over EPS content both directly and indirectly (through the DOC pool), while soil 558 water potential exerts direct control over both EPS content and aggregate stability. Furthermore, 559 aggregate stability and EPS content co-vary, a plausible result given that EPS is thought to 560 promote aggregate stability while aggregates themselves can occlude soil organic C (Jastrow et 561 al., 2007; Six et al., 2002 Six et al., , 2000 . We found that EPS monosaccharide composition varied 562 between our treatments (F = 6.34, D.F. = 20, P < 0.001), but further studies are required to 563 determine if differences in EPS composition can affect the formation of water-stable aggregates. 564
Soil pH is often overlooked as a factor that can contribute to soil aggregation (Sollins et al., 565 1996) , but it was also a significant controller of aggregate stability according to our path 566 analysis. There is prior evidence from tropical soils that low pH can enhance aggregate stability 567 (Idowu, 2003; Russell et al., 2018) , and some studies suggest that increased soil pH enhances 568 clay dispersion and reduces aggregate stability (Amézketa, 1999) . 569
Carbon flow from plant photosynthate into microbial EPS 570
Our results provide evidence of microbial incorporation of C into extracellular 571 polysaccharides, but the total amount of EPS in our mesocosms was lower than that found in 572 other studies. Estimates of carbohydrate content in various soils range up to 10% of total C 573 (Cheshire, 1979 ), but we observed that the EPS found in our marginal soil after incubation with 574 SG formed only 0.3% of the total soil C pool ( Fig. 2A and Table S2 ). However, because this 575 fraction of the soil C pool was responsive to our treatments and appeared to exert some control 576 over the formation of water-stable aggregates, it highlights the importance of assessing EPS 577 stocks in soils. This may be particularly true in marginal soils, where the overall depletion of 578 organic C in the surrounding soil environment may enhance the effect of a small pool of actively 579 synthesized polysaccharides that can alter soil characteristics and microbial viability. 580
The 13 CO2-labeling in our study allowed us to determine that after 12 days of plant 581 exposure to 13 CO2, 4.39 ± 3.72 μg g -1 of total soil C contained 13 C, with no significant differences 582 between treatments (n = 3 for each treatment). 13 C content in EPS per gram of soil reached 583 much lower values of 0.006 ± 0.003 μg g -1 , with the least enriched EPS observed in the low 584 water treatment and the most enriched EPS observed in the +N treatment (0.003 ± 0.001 and 585 0.009 ± 0.001 μg g -1 , respectively). This indicates that alleviating N-limitation may free the plant 586 to provide photosynthate C to the microbial community, whereas under water-stress, SG may 587 reduce C flow to the rhizosphere. The ratio between labeled EPS to the total 13 C labeled soil C 588 was ~ 0.18%, with no significant differences between treatments. This ratio indicates how much 589 of the recently fixed C exuded from the roots into the soil was incorporated into EPS by soil 590 microorganisms during the 12 days of labeling at the end of the plant growth period. To our 591 knowledge, no other studies have examined the fraction of EPS produced using freshly fixed 592 plant photosynthate, making it difficult to place our results in context. Future experiments taking 593 advantage of isotope-enabled approaches and labeling systems that have emerged during the 594 last decade (Pett-Ridge and Firestone, 2017) will enable us to evaluate the magnitude of this 595 ratio and how this aspect of plant-microbe interaction may vary between plant species, soil 596 types and abiotic stress conditions. 597
Higher EPS in SG fields than adjacent annual grass fields 598
The data collected from our greenhouse study highlight how SG roots may modify soil 599 conditions to enhance microbial EPS production, and establish that SG photosynthate C can be 600 Oklahoma. Our results clearly indicate that SG cultivation enhances stocks of EPS (Fig. 5) , and 608 these enhanced EPS stocks extend more than a meter deep within the soil profile. Root density 609 was also significantly enhanced down to at least 30 cm deep under SG compared to annual 610 crops (data not shown). This indicates that SG cultivation can have significant effects on soil C 611 characteristics much deeper than annual plants appear to reach. If these effects are related to 612 those observed in our greenhouse experiment, then increased EPS under SG cultivation in the 613 field could be indicative of (or a driver of) increased soil aggregation. Enhanced aggregation 614 could then provide a mechanism for the persistence of C under SG cultivation (Liao et al., 2006; 615 McGowan et al., 2019). While the overall sustainability of SG cultivation is a function of many 616 agricultural ecosystem characteristics (trace gas production, fertilization and associated N and P 617 loss to water systems, etc.), the long-term impacts on soil C retention and soil structure are 618 important indices of ecosystem sustainability. 619
CONCLUSIONS
620
We found that SG cultivation can enhance microbial EPS production in a marginal soil. 621 SG root biomass enhances the availability of organic C compounds, providing precursors for 622 microbial EPS production. Root biomass and soil water potential combined to exert significant 623 control over microbial EPS production as well as water-stable aggregate formation. Growing 624 roots absorb water from the soil, providing a mechanism for indirect root enhancement of 625 microbial EPS production and water-stable aggregation formation. We also found evidence of 626 significantly enhanced EPS stocks under long-term SG plots in two field plots, suggesting that 627 these mechanisms could be broadly relevant. Our results add to a growing consensus that SG 628 cultivation can significantly enhance soil characteristics that are of great import to proponents of 629 soil health, especially for marginal lands. More research is required to determine how microbial 630 communities under SG process rhizodeposits into EPS and how this EPS translates to 631 beneficial soil characteristics, as well as broader scale field-studies to assess at what rates EPS 632 accumulates under relevant land management practices. 633 634 TABLES 
